
Electron Transfer Induces Side-Chain Conformational Changes of Glutamate-286
from Cytochromebo3

†
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ABSTRACT: Heme-copper oxidases have two putative proton channels, the so-called K-channel and the
membrane-spanning D-channel. The latter contains a number of polar groups with glutamate-286 located
in its center, which couldstogether with bound waterscontribute to a transmembrane hydrogen-bonded
network. Protonation states of carboxyl groups from cytochromebo3 of Escherichia coliwere studied by
redox Fourier transform infrared (FTIR) difference spectroscopy. A net absorbance increase in the carboxyl
region was observed upon reduction. The band signature typically found in heme-copper oxidases
comprises an absorbance decrease (reduced-minus-oxidized difference spectra) at 1745 cm-1 and increase
at 1735 cm-1. No significant changes in the carboxyl region were found in the site-specific mutants D135E
and D407N. The difference bands were lacking in redox spectra of mutants at position 286; they could
clearly be related to Glu-286. In wild-type oxidase, the pK of Glu-286 appears to be higher than 9.8.
Upon solvent isotope exchange from H2O to D2O, the band at 1745 cm-1 shifts more readily than the one
at 1735 cm-1, indicating dissimilar accessibility of the carboxyl side chain to the hydrogen-bonded network
in both redox states. The data are consistent with a redox-triggered conformational change of Glu-286,
which attributes to the carboxyl group an orientation toward the interior of the D-channel for the oxidized
form. The change of Glu-286 is retained in cyanide complexes of cytochromebo3 and of cytochromec
oxidase; therefore it should be related to oxidoreduction of the hemeb and/or CuB metal centers.

Heme-copper oxidases are redox-driven proton pumps
in the aerobic respiratory chain of microorganisms and
mitochondria. The enzymes are integrally located in energy-
transducing membranes and they belong to a protein super-
family comprising different subgroups that use either cyto-
chrome c or quinols as donors of electrons, which are
transferred to the terminal acceptor oxygen (1-3, 55). During
the chemical process of oxygen reduction and water forma-
tion, protons are taken up from the cytoplasma (bacteria) or
matrix (mitochondria). The free energy of the chemical
reaction is sufficient to drive additional movement of protons
across the membranes (4, 5). Recently the 3D structures of
cytochromec oxidases from mitochondria and from the
proteobacteriumParacoccus denitrificanswere solved (6,
7) to a level of 2.3 and 2.7 Å, respectively. The structural
models of subunits I-III from both proteins are closely
related but different in detail, which lead to fundamentally
distinct mechanistic proposals of transmembrane proton
translocation (6, 8-9). Amino acid sequences are very
similar within the superfamily, and a number of strictly
conserved residues have been predicted to be functionally
relevant (1, 3). This was experimentally supported by
numerous biochemical and biophysical data (for reviews, see
refs5 and10). It is therefore justified to regard the structures
of cytochromec oxidases as prototypes for the related
ubiquinol oxidase cytochromebo3 of Escherichia coli.
Structural models allow postulation of different proton

translocating channels. One of these, the so-called K-channel,
consists of the amino acids Lys-362, Thr-359, Thr-352, and
Tyr-288 and ends at the binuclear heme-copper reaction
center, which is located almost in the center of the membrane
(E. coli enzyme numbering). Recent data ascribe to this half-
channel a role in the first phase of the reaction cycle, when
the enzyme accepts electrons and takes up two protons (10,
11). The D-channel is another array of charged or polar
amino acids. In case of the bacterial oxidases it is proposed
to have contact with both membrane surfaces (8). At the
cytoplasmic side the entry is formed by Asp-135, Thr-201,
and Asn-207; it comes via Glu-286 into close proximity with
the binuclear reaction center, which binds dioxygen and
forms the site of oxygen intermediate production during the
catalytic reaction (4). Electrostatic calculations envision the
binding of a few water molecules in this part of the channel
(12, 50), whereas crystallographic data report the presence
of only one bound water molecule (7). The exit half (on the
periplasmic side) of the D-channel is less clear; a number
of water molecules constituting a hydrogen-bonded network
were detected recently in the channel outlet ofParacoccus
enzyme. The network is possibly stabilized by propionic acid
groups of hemeo and by polar or acidic amino acid side
chains (7) (Asp-407 and Asn-412 in the homologousE. coli
enzyme). The recently published model of mitochodrial
oxidase disagrees with the role of the D-channel and assumes
an essentially different proton pathway implying the so-called
“H-channel” (6, 13), ascribing a key role to the amino acid
Asp-51 (bovine mitochondria numbering), which is, however,
not conserved in the superfamily (1, 3).
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On the basis of the bacterial model of proton pathways,
both K- and D-channels are essential for catalysis during
the oxygen reaction cycle by intimate cooperation, because
site-directed mutations at either position (e.g., changes of
Lys-362 in the K-channel or Glu-286 in the D-channel from
charged to neutral side chains) severely affected oxidase
activity and/or proton pumping competence (11, 14, 15). A
crucial role of Glu-286 in the mechanism of proton conduc-
tion has been underlined (16). The existence of the same set
of oxygen intermediates suggests that cytochromec oxidases
and the ubiquinol oxidase cytochromebo3 have similar reac-
tion mechanisms (17-19). However, a recent report came
up that suggests significant differences in both enzymes
regarding the coupling of electron transport to possible mech-
anisms of transmembrane proton translocation (20, 21): the
idea of a unique reaction mechanism in heme-copper oxi-
dases has been challenged by enzymological and spectro-
scopic data, which led to the proposal of a Q-cycle mech-
anism being operative in quinol oxidases (22). This hypoth-
esis would, of course, imply fundamental differences in the
pathway of proton translocation in both types of oxidase.
Anyway, experimental proofs would necessarily require a
close comparison of cytochromec and ubiquinol oxidase.

Metalloproteins undergoing valence-dependent optical
changes could be readily investigated by redox difference
spectroscopy. In extension of the classical reduced-minus-
oxidized electronic difference spectroscopy, we developed
a technique to study redox transients in the infrared spectral
region (23). FTIR1 spectroscopy is a powerful method for
the detection of structural changes on the secondary and
tertiary structure level as well as for the involvement of
individual amino acid side chains during catalytic turnover
(43, 44). To initiate the reaction, we used a “caged electron”
technique, which employs flavin mononucleotide as an
intermediate electron transmitter. After photochemical acti-
vation by ultraviolet laser light, the caged compound injects
electrons liberated from the sacrificing donor EDTA into the
redox centers of the cytochrome oxidase. This approach has
led to the detection of absorbance differences in various
heme-copper oxidases, including a prominent signature
pattern with absorbance differences at 1745 and 1735 cm-1

(23).
In general, band assignments in infrared spectroscopy of

proteins are made by use of either isotopic labeling or site-
specific mutagenesis. In this report we assign the 1745/1735
signature band from cytochromebo3 of E. coli by means of
site-specific mutants. It is concluded that the acidic amino
acid side chain of Glu-286 undergoes a conformational
change upon oxidoreduction, which may be an important step
in the proton translocation process of this heme-copper
oxidase.

MATERIALS AND METHODS

Expression and Purification of Wild-Type and Mu-
tagenized Cytochrome bo3. Cytochromebo3 from Escherichia
coli was expressed from either the plasmid pHTAG or pHCL

(the latter is a kind gift of Dr. Anne Puustinen, Helsinki),
both pBR322 derivatives carrying thecyo operon (24). In
the pHTAG construct thecyoDgene is genetically modified
by a DNA fragment encoding an oligohistidine tag at the
C-terminus of subunit IV for easier purification on a metal
affinity column. The pHCL plasmid encodes a C-terminal
oligohistidine extension incyoA(25); it is related to pHTC8
(26) and we verified the presence of all cysteine codons by
DNA sequencing. Both pHTAG and pHCL plasmids are
regarded to encode the “wild-type” protein. We constructed
site-specific mutants, based on pHCL, with respect to
positions Glu-286, Asp-135, and Asp-407 (Figure 1a).
Nucleotides were replaced by the PCR “overlap extension”
method (27, 28). The mutagenized 1.5 kbSalI-NsiI frag-
ments of thecyoB gene were moved into pHCL, and
insertions were verified by DNA sequencing. As an assay
of proton pumping activity in vivo we tested the ability of
mutagenized plasmids to complement the respiratory defect
of a cyo andcyd double deletion strain,E. coli JM107∆∆.
For the purpose of enzyme preparation, wild-type and mutant
cytochromebo3 were expressed in thecyodeletion strainE.
coli BL21∆cyo.

After solubilization with a mixture ofn-octyl â-D-glucoside
and Triton X-100, proteins were purified by batch elution
with 100 mM imidazole at pH 8.0 from Ni-NTA-agarose
columns. After buffer exchange to 20 mM Tris-HCl, 0.3%
n-decylâ-D-maltoside, pH 8.0, the samples were concentrated
as in ref23. Details of the molecular genetic and protein
chemical procedures will be published elsewhere. Cyto-
chromec oxidase ofRhodobacter sphaeroideswas a kind
gift of Antony Warne and Professor Matti Saraste, Heidel-
berg. Protein determination was performed spectroscopically

1 Abbreviations: FTIR, Fourier transform infrared. The amino acid
positions of heme-copper oxidases are numbered according to the
sequence of the CyoB gene product () subunit I) ofEscherichia coli
in the three-letter-code, except for designation of site-specific mutants,
where the one-letter-code was used.

FIGURE 1: (a) Structure of thecyo operon. The structural genes
and the corresponding gene products are shown (bigger arrows).
The mutagenized amino acids in subunit I (CyoB) are presented in
the one-letter code by arrows pointing to the respective codon
positions. (b) SDS-15% polyacrylamide gel electrophoresis of
wild-type and mutant proteins, which are oligohistidine-tagged at
the C-terminus of subunit II. Seven micrograms of protein was
loaded per lane: lane 1, wild-type cytochromebo3; lanes 2-5,
mutant proteins (2) E286D, (3) E286Q, (4) D407N, and (5) D135E.
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(52) and polyacrylamide gel electrophoresis was done as
described in ref53.

Duroquinol Oxidase ActiVity Assay.The activity of cyto-
chromebo3 was tested with the synthetic analogue duroquinol
()2,3,5,6-tetramethylbenzoquinol in its chemically reduced
form was a kind gift from Professor Oettmeier, Bochum).
The medium consisted of 50 mM phosphate buffer, pH 7.0,
1 mM EDTA, 0.3% n-decyl â-D-maltoside, 0.2 mg/mL
phosphatidylcholine vesicles, and 0.2 mM duroquinol. The
absorbance difference∆A270-285 (29) was followed in an
SLM-Aminco DW-2 spectrophotometer at room temperature
after addition of 0.25µg of purified oxidase; the autoxidation
rates determined after addition of 0.5 mM KCN were
subtracted.

Sample Preparation for Spectroscopy.Samples were
prepared with minor modifications as described in ref 23:
2-3 µL of oxidase solution in a buffer of 20 mM Tris-HCl
and 0.3%n-decylâ-D-maltoside, pH 8.0, was combined with
0.8 µL of a solution consisting of 0.5 mM flavin mono-
nucleotide and 100 mM EDTA, if not indicated otherwise.
For investigation of the cyanide effect, 0.5µL of 200 mM
KCN was added to the sample. The mixture was spread out
on a CaF2 plate, and a thin hydrated film was formed after
further concentration for 3-4 min with a vacuum pump.

FTIR Spectroscopy.Redox FTIR difference spectra were
taken on a Bruker IFS66v spectrometer as described in ref
23. If not indicated differently, infrared intensity transmitted
by a low-pass filter cutting at 1950 cm-1 was measured; the
nominal resolution of spectra was 4 cm-1. For better com-
parison of different samples and for the calculation of double
difference spectra as in ref30, absorbance difference bands
were normalized within the spectral regions of 1130-1540
cm-1 or of 1695-1705 cm-1. If not pointed out otherwise
in figure legends, spectra are normalized to the 1695-1705
cm-1 region of wild-type cytochromebo3 (in Tris-HCl, pH
8.0, in H2O) and are presented as an average of 2000 scans.

RESULTS

Biochemical Properties of Mutants.The putative D-
channel of cytochrome oxidases known to be proton-pumping
has three conserved amino acids with negatively charged side
chains (3, 8). These are located at the entry (Asp-135) and
exit (Asp-407) sites and in an internal position next to the
enzyme’s reaction center (Glu-286). These residues were
assumed to be functionally important. Site-specific amino
acid replacements at positions 135 and 407 did not alter the
enzyme activity in vivo, as shown by the capability of the
respective mutant plasmids to complement a respiratory-
deficient host strainE. coli JM107∆∆ (Table 1). Removal
of negative charge at position 135 leads to the formation of
microcolonies, which may indicate a lowered effectiveness
of this cytochromebo3 mutant. Glu-286 is strictly conserved
in the pumping oxidases. This points to a key role of its
carboxyl side chain being correctly positioned for trans-
membrane proton translocation. The change of Glu-286 to
a noncharged amino acid fatally affects the activity of the
enzyme (Table 1). This is in contrast to the mutant E286D,
which forms a catalytically active oxidase proficient at
restoring proton pumping in vivo. The presence of a carboxyl
side chain at this position appears to be essential for the
function of cytochromebo3, which also has been reported
by others (14-16).

Wild-type and mutant cytochromebo3 extended by oli-
gohistidine at the C-terminus of subunits II or IV were
expressed and purified by metal affinity chromatography.
All samples were pure as judged by polyacrylamide gel
electrophoresis and retained their four subunits (Figure 1b).
Room-temperature optical difference spectra (reduced-minus-
oxidized) of wild-type and mutagenized enzymes listed in
Table 1 had maxima at 426 and 562 nm. For unknown
reasons, cytochromebo3 of the mutant D135N was expressed
to such a low level that purification was ineffective. The
enzyme function of site-specifically altered enzymes was
investigated by measuring the oxidation rates of the artificial
substrate duroquinol. Activity data of purified oxidases are
consistent with the in vivo assay (Table 1), which demon-
strates that mutants at positions 135 and 407 have almost
wild-type characteristics, whereas the mutant E286Q is
strongly disfigured.

Redox FTIR Experiments of Cytochrome bo3. Photoreduc-
tion of oxidases was performed in situ; ultraviolet laser light
has been used to initiate the electron transfer from flavin
mononucleotide. As an example, Figure 2 shows how the
redox transients of wild-type oxidase evolve by increasing
number of absorbed photons. The protein concentration in
the thin sample films was adjusted to the maximum in order
to achieve a high signal-to-noise ratio in the carboxyl region.
Compared with earlier results (23), transmission is lower in
the amide I to II region at wavenumbers lower than 1680
cm-1. Figure 2 exhibits the same “up-and-down”-patterns
observed earlier in various heme-copper oxidases (23), the
one ofE. coli being placed at 1664 cm-1 (maximum)-1657
cm-1 (minimum)-1653 cm-1 (maximum)-1649 cm-1 (mini-
mum). Thus, redox-induced polypeptide backbone changes
concluded earlier to take place from experiments with dilute
samples are likewise detectable with this highly concentrated
sample form.

After 200-300 laser flashes, complete reductive turnover
of cytochromebo3 is achieved as jugded by its electronic
absorbance spectra recorded before and after photoreduction,
which are identical to the optical spectra obtained from fully

Table 1: Characterization of Cytochromebo3 Mutants

cytochrome
bo3

plasmid
complementation of

respiratory deficiencya

duroquinol
oxidase activityb

(e‚s-1)
% of

control

none (pSTAG)c -
wild type (pHCL)d + 88 ( 2 100
E286D + 86 ( 9 98
E286Q - 14 ( 2 16
D407N + 70 ( 5 80
D135N (+)e nd
D135E + 86 ( 14 98

a The plasmids encoding wild-type or mutagenized cytochromebo3

were transformed into strainE. coli JM107∆∆, which has no aerobic
respiration due to genomic deletions of the genes for cytochromebo3

andbdand does not grow overnight on LB agar plates. When the strain
was complemented with genes encoding functional cytochromebo3

oxidase, growth was restored and colonies were formed on plates.
b Duroquinol oxidase activity was tested with purified cytochromebo3,
n ) 3. c Negative control, thecyogenes with a partial deletion ofcyoB
(∆BglII fragment) are cloned into plasmid pSTAG (based on pBR322);
no cytochromebo3 is produced from that strain.d Positive control,
pHCL carries thecyogenes (modified as outlined in the Materials and
Methods section).e Microcolonies much smaller than wild type were
formed. The D135N mutant did not express enough cytochromebo3

for purification and activity tests.
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oxidized and dithionite-reduced samples in free solution (not
shown). Initially the photoreduction progresses proportional
to the number of applied flashes, indicating that almost no
oxygen is present in the sample films. The courses of flash-
dependent reactions measured at different wavenumbers in
the carboxyl region could be fitted with hyperbolic functions
(data not shown); photoreduction at the different wavenum-
bers appears to be monophasic with respect to the number
of executed laser flashes.

The presence of isosbestic points at 1740, 1710, and 1690
cm-1 (Figure 2) argue for a transition between two states in
the carboxyl region, i.e., above 1690 cm-1. No evidence for
possible intermediates, as found by an electrochemical
equilibration technique (31), is observed. During photore-
duction the wild-type enzyme develops absorbance differ-
ences at 1735 cm-1 (absorbance increase) and 1745 cm-1

(absorbance decrease) (Figure 2). The formation of both
bands appears to correlate roughly, suggesting that the
underlying processes are coupled. The observed amplitudes
are probably different due to additional absorbance contribu-
tions of other groups.

Mutants at Position Glu-286.Figure 3 displays FTIR
absorbance difference spectra of wild-type cytochromebo3

and of site-specific mutants at position Glu-286 from 1690
to 1800 cm-1. In this spectral region, carbonyl groups of
amino acid side chains and propionic acid chains of por-
phyrins absorb (32-34, 45). The spectra are displayed as
photoreduced-minus-oxidized difference, with positive (nega-
tive) bands being attributed to the reduced (oxidized) state.

The zero level of difference spectra is outlined by the
spectral region between 1800 and 1780 cm-1 (Figure 2)
further extending up to 1900 cm-1 (not shown), where no
significant absorbance changes are developed during pho-
toreduction. All samples exhibit a negative absorbance
difference band at 1696 cm-1 irrespective of the solvent
isotope. Wild-type cytochromebo3 (Figure 3a) produces a
band pattern that has been regarded as signature for proton-
pumping heme-copper oxidases, namely, a negative absor-

bance band at 1745 cm-1 and a positive absorbance band at
1735 cm-1 (23). An additional shoulder could be resolved
at 1720-1725 cm-1 under the present experimental condi-
tions (see spectra with 2 cm-1 nominal resolution in Figure
5). If equilibrated to the solvent D2O (Figure 3b), the band
maximum shifts from 1735 to 1727 cm-1, whereas the
minimum is broadened from 1745 to 1736 cm-1. Band posi-
tions between 1680 and 1750 cm-1 plus their sensitivity to
solvent isotope exchange are indicative for CdO stretching
vibrations of protonated carboxyl groups. These signals dis-
appear upon deprotonation and formation of the anionic state.

The signature pattern disappears in the mutant E286D
(Figure 3c), in which the carboxylic acid side chain is
shortened by one CH2 group. The residual positive difference
peak of 1725 cm-1 shifts to 1718 cm-1 upon solvent
exchange (Figure 3d). It is important to note that the isopolar
E286D replacement is not invasive to the protein, because
the cytochromebo3 function remains unaltered.

In the isosteric but biologically nonfunctional mutant
E286Q the charged side chain is abolished, but a broad
positive absorbance band centered at about 1725 cm-1

remains. Upon D2O-H2O exchange this band shifts by about
4 cm-1 to lower wavenumbers.

Subtraction of the two redox difference spectra, wild type-
minus-E286Q (Figure 3a,e), yields the double difference
spectrum presented in Figure 4. The broad band component
at about 1725 cm-1 disappears in the double difference
spectrum, i.e., the involved functional group(s) contribute-
(s) to the net increase of absorbance, which is not caused by
Glu-286. A residual pattern of two difference bands with

FIGURE 2: Redox FTIR spectrum of wild-type cytochromebo3.
The oxidized sample (oligohistidine-tagged at C-terminus of subunit
II) was mixed with the caged electron donor flavin mononucleotide
and photoreduced at room temperature with 308 nm irraditation
by a UV laser. After a package of 20 flashes (approximately 20
mJ/pulse) at 0.1 Hz repetition rate, 400 scans were co-added; this
program was repeated 9 times. The light-induced evolution of
reduced-minus-oxidized absorption difference spectra is displayed;
positive (negative) bands correspond to absorbances of the reduced
(oxidized) form.

FIGURE 3: Redox FTIR absorbance difference spectra of the
carbonyl region of purified cytochromebo3 and mutants with respect
to Glu-286, oligohistidine-tagged at subunit II. Spectra were
recorded from sample dissolved in H2O (solid lines) or D2O (dotted
line). (a, b) Wild type; (c, d) E286D mutant; (e, f) E286Q mutant.
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maximum at 1735 cm-1 and minimum at 1745 cm-1

demonstrates thatboth signalsare most likely related to the
carboxyl side chain of Glu-286. The areas of these two bands
are of comparable size (Figure 4). Similar results are obtained
when double difference spectra of wild type-minus-E286D
are calculated (not shown).

Mutants at Positions Asp-135 and Asp-407.To get more
detailed information about the groups contributing to the
carboxyl region, redox difference spectra at higher resolution
(2 cm-1) were recorded (Figure 5). The control experiment
with wild-type enzyme confirms the 1745/1735 difference
pattern known from lower resolution spectra (see above).
An increase of integral band intensity between 1700 and 1740
cm-1 provides evidence for net protonation increase upon
reduction. The broad feature appears to be composed of more
than one band, because one recognizes the reproducibly
occurring shoulders at 1720 and 1704 cm-1. Solvent isotope
exchange to D2O induces band shifts of the 1745/1735
pattern to smaller wavenumbers as expected. The com-
posite broad peak shifts correspondingly in D2O medium,
but no fine structure is resolved (data not shown), leaving
assignments of the 1704 and 1720 cm-1 absorptions to car-
boxyl groups rather premature. In addition, Figure 5 shows

the spectra of the D135E and D407N mutants, at which loss
or shift of difference bands would be expected in the carboxyl
region. Static redox difference spectra of both mutants closely
resemble the one obtained from wild type; thus carboxyl side
chains of the respective amino acids do not contribute to
changes induced by electron transfer under conditions of this
experiment.

Accessibility to SolVent and Protons.Redox spectra were
measured at different pH values in order to obtain a rough
figure of the pKs of carboxyl groups contributing to the
absorbance difference spectrum. Equilibration to the desired
pH values was verified by demonstrating band shifts by
solvent isotope exchange to D2O. Difference spectra are
remarkably similar in the range of pH 6.5-9.8, irrespective
of cytochromebo3 expression from pHTAG (Figure 6) or
pHCL (not shown). The pK values of carboxyl groups
involved in the absorbance changes therefore appear to be
higher than 9.8. The oxidase seems to be fairly tolerant to
slightly alkaline conditions. Duroquinol oxidase activity
could be measured only up to pH 8.5, where rates are still
at 80% of maximum at pH 7.5.2

The accessibility of carboxyl groups to solvent molecules
was probed by H2O/D2O exchange. Samples were equili-
brated to different extents by exposure to the solvent for
different periods. After brief incubation (about 5 h) in D2O
(Figure 7b) the negative absorbance band at 1745 cm-1

remains, while the positive absorbance at 1735 cm-1 is partly
shifted to 1727 cm-1. This shift is completed after longer
exposure to D2O [about 2 days (Figure 7c)]. The negative
absorbance band at 1745 cm-1 is broadened significantly.
Double difference spectra from samples dissolved in H2O
and D2O (Figure 7, spectra b- c and 7 a- c) clearly show
a positive band at 1735 cm-1 and a minor negative feature
at 1727 cm-1, indicating that the signal at 1735 cm-1 alone
is sensitive to isotope exchange. The absence of an expected
negative band demonstrates that solvent equilibration does
not affect the carboxyl group absorbing at 1745 cm-1.

Redox BehaVior of the Cyanide Complex of Cytochrome
bo3. The oxidase inhibitor cyanide binds to the ferric high-

2 Measurement of duroquinol oxidase activity at pH values higher
than 8.5 is rather imprecise due to rapid autoxidation of the substrate.

FIGURE 4: Double difference redox FTIR spectra of wild-type
cytochromebo3 and mutant E286Q. For clarity, the redox difference
spectra already shown in Figure 3 (a and e) are displayed again
with dotted lines. Normalization of spectra with respect to (i) the
absorbance regions between 1705 and 1695 cm-1, (ii) between 1300
and 1470 cm-1, and (iii) between 1130 and 1540 cm-1 came to
almost identical results, demonstrating double difference bands with
a minimum at 1745 cm-1 and maximum at 1735 cm-1 assigned to
Glu-286.

FIGURE 5: Redox FTIR absorbance difference spectra of the
carbonyl region of purified cytochromebo3 and mutants with respect
to Asp-135 and Asp-407 (subunit II tagged). The nominal spectral
resolution is 2 cm-1. (Top) Wild type; (middle) D407N mutant;
(bottom) D135E mutant.

FIGURE 6: Redox FTIR absorbance difference spectra of purified
cytochromebo3 (tagged at subunit IV) equilibrated to different
buffers at various pH values: 20 mMN-morpholinoethanesulfonic
acid (MES), pH 6.5 (top); 20 mM Tris-HCl, pH 8.0 (middle); and
20 mM sodium borate, pH 9.8 (bottom).

2052 Biochemistry, Vol. 38, No. 7, 1999 Lübben et al.



spin hemeo of cytochromebo3 or hemea of cytochrome
aa3. In the cyanide-complexed form, reduction of the bound
Fe3+ center is strongly inhibited. It is thus possible to
investigate whether hemeo/a is involved in the development
of the carboxyl difference pattern at 1745/1735 cm-1. The
complex formation of cyanide with the enzymes was verified
by measuring the decrease of the absorbance band of the
bridging complex at 2147 cm-1 for cytochromebo3 (35) and
of 2153 cm-1 for cytochromec oxidase (36) (not shown)
during photoreduction of the enzyme-ligand complexes.
Redox difference spectra of both types of heme-copper
oxidase are independent of the presence of cyanide (Figure
8). Thus, the redox state of high-spin hemeo or a is not
directly responsible for the induction of changes that give
rise to the carboxyl difference band pattern.

DISCUSSION

By use of a photochemical reduction technique, redox
difference spectra were recorded in the carbonyl absorption
range of cytochromebo3. Carbonyl groups could be assigned
by their frequency and bandshifting to smaller wavenumbers
of about 8 cm-1 after H2O/D2O exchange. The carboxyl
group of Glu-286 clearly contributes to the absorbance
changes observed in redox difference FTIR spectra, because
the 1745/1735 cm-1 signal pattern is lost upon replacement
of this amino acid by the isopolar aspartate and the isosteric
glutamine. The disappearance of both the positive and the
negative difference band allows us to assign the carboxyl
group. Only in its undissociated form does the CdO bond
of carboxylic acids absorb in the range of 1680-1760 cm-1;
i.e., Glu-286 must be protonated at least in some stage of
the photoreaction (see below). From band assignments by
an FTIR study on CO flash photolysis of cytochromebo3, it
became definitively known that the carboxyl group of Glu-
286 absorbs at about 1726-1731 cm-1 (at the temperature
of 80 K) and therefore it is protonated in the reduced state
(26). The positive difference band at 1735 cm-1 (Figures 2

and 3a) thus clearly originates from Glu-286. In fact, the
static redox spectra represent the difference of fully reduced
minus fully oxidized forms of the enzymes. From structural
models we can extract information about the protonation state
in the oxidized protein: The homologue of Glu-286 is most
likely in the neutral form of azide-boundP. denitrificans
oxidase ()Glu-278) (7) or has been noted to be neutral in
crystals of oxidized as well as of reduced beef heart
mitochondrial oxidase ()Glu-242) (6). If the oxidase is
protonated in the structures of reducedandoxidized proteins,
it is clearly inferred that the negative absorbance difference
band at 1745 cm-1 (Figures 3a and 4) is not from a
deprotonation reaction of another carboxyl group but must
also originate from Glu-286 itself. Independence of the 1745/
1735 cm-1 band pattern in redox spectra up to pH 9.8
strongly argues for a very high proton affinity of Glu-286.
The relatively high wavenumbers of the 1745/1735 cm-1

pattern plead for a carboxyl group in the protein interior
effectively shielded from extensive hydrogen bonding of the
solution state.

In the oxidized state, a carboxyl group location in a more
hydrophobic environment would result in the negative band.
This is further underlined by the absence of1H/2H exchange
for the more hydrophobic environment of Glu-286, indicating
nonaccessibility for water in the oxidized state (Figure 7),
where the side chain should be disconnected from the binu-
clear reaction center (see below). Conversely, Glu-286 has
access to solvent (protons) in the reduced enzyme, when it
is in aequous contact with the binuclear reaction center (12,
26). The positive FTIR absorbance band found at 1735 cm-1

would then be caused by a more hydrophilic environment
of the residue. Gradual lowering of proton mobility in space,
from channel entrance to the gate, would be an important
feature expected for proton pumps in order to avoid proton
slipping. Assumed that Glu-286 is directly involved in a
proton conduction mechanism (12) gated via the binuclear

FIGURE 7: Redox FTIR absorbance difference spectra of purified
wild-type cytochromebo3 at pH 8.0 (tagged at subunit II)
equilibrated to different extents to D2O. Solvent exchange was done
by repeated (i) 20-fold dilution of the oxidase solution with Tris
buffer made up in D2O and (ii) spin concentration with Microcon
30 tubes. After the procedure was finished, an FTIR sample was
prepared from the concentrate and the redox spectrum was measured
after about 5 h (brief exposure, spectrum b). Another FTIR sample
was prepared from the same concentrate 2 days later and was
measured as above (long exposure, spectrum c). The control (sample
in H2O) is shown in spectrum a.

FIGURE 8: Effect of cyanide on redox FTIR difference spectra of
cytochromebo3 and of cytochromeaa3. The infrared intensity
transmitted through a low-pass filter cutting at 2600 cm-1 was
measured; the spectral resolution was 2 cm-1. (Top) Cytochrome
bo3 plus KCN; (middle) cytochromebo3 without KCN; (bottom)
cytochromeaa3 plus KCN.
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reaction center (37, 38), the side-chain orientation to different
hydrogen-bonded environments would be very plausible.

The 1735/1745 cm-1 band pattern of the catalytically
active E286D mutant would be anticipated to slightly shift
to higher wavenumbers, if one solely considers spectra of
free glutamic and aspartic acid (32). The lack of the wild-
type spectral signature without appearance of a novel band
pattern indicates that Asp-286 would stay either protonated
or unprotonated irrespective of the redox state of the protein.
Earlier FTIR spectroscopic investigations of CO photolysis
(26) revealed unexpected behavior of the mutant E286D,
which exhibits a significant upshift to ca. 1760 cm-1. It has
been assumed (26) that glutamic and aspartic acid at position
286 adopt different alignments relative to the hydrogen-
bonded network within the D-channel. With respect to FTIR
redox difference spectra, these distinct orientations may as
well explain the presence of the 1745/1735 cm-1 pattern for
the wild type and its unexpected absence for the E286D
mutant.

Similar observations regarding the involvement of carboxyl
groups have been made with the cytochromec oxidase of
the soil bacteriumParacoccus denitrificans(31). For this
oxidase the difference pattern at 1746/1734 cm-1 has been
assigned to the homologue of Glu-286; it gets lost upon sub-
stitution with glutamine or aspartic acid (31). A possible
contribution of the amino acid side chains corresponding to
Asp-135 and Asp-407 to the (fully reduced minus fully
oxidized) redox difference FTIR signals could be excluded
as well. In both oxidases, the carboxyl groups involved in
the redox-driven absorbance changes in the 1746/1734 cm-1

region appear to have relatively high pK values (>8.7), not
unexpected for carboxyl groups that are deeply buried within
the membrane dielectric (54). However, carefully determined
titration curves of both enzymes are necessary for a detailed
discussion of pK values with respect to the difference bands
related to Glu-286. Taken together, the results suggest that
the overall structural and functional similarity of ubiquinol
and cytochromec oxidases could in principle be extended
also to the pathway of protons across the cytoplasmic
membrane.

Due to the distinct nature of substrates of both oxidases
(cytochromec is barely an electron donor, whereas ubiquinol
is an electronplusa proton donor), one should admit certain
differences at least in some steps of transmembrane proton
translocation. The data recorded in ref31 were obtained by
an electrochemical equilibrium method. In addition to the
1746/1734 cm-1 redox difference signal pattern, the authors
report a pair of difference bands absorbing at 1738/1728 cm-1

only at intermediate redox potentials. On the other hand,
transient bands different from the ones discussed already
were not detectable by the photoreduction procedure applied
in this work. The stepwise transfer of electrons by virtue of
flavin mononucleotide chemistry is not an equilibrium
technique. Our photochemical spectra do not provide evi-
dence for the existence of intermediate bands in cytochrome
bo3 of E. coli, since homogeneous difference bands are
formed, which exhibit isosbestic points in the carbonyl region
(Figure 2). Similar results were obtained with the cytochrome
c oxidaseof Rhodobacter sphaeroides, which is closely
related to theParacoccusenzyme (M.L., unpublished data;
23). It is possible that the occurrence of an extra pair of bands
in ref 31 is inherent to the electrochemical technique itself

or perhaps is due to the fact that a fraction of the oxidase
molecules stays in a different functional state (e.g., the
“resting state”). Interestingly, the negative 1746 cm-1 band
can be shifted by 4-6 cm-1 upon 2H-1H exchange in the
Paracoccusenzyme, which is in obvious contrast to our
observations on cytochromebo3 (Figure 7) and may be
another indication for the different functional behavior of
cytochromec and ubiquinol oxidase. Due to the band
heterogeneity at≈1735 cm-1, found with the electrochemical
equilibration technique (31), scenarios of more than a
singular carboxyl group accounting for the observed band
pattern at 1746/1734 cm-1 cannot be fully ruled out for the
Paracoccusenzyme.

No carboxyl groups are located in the postulated K-channel
of mitochondrial and bacterial cytochromec oxidases (8, 9).
Owing to their close sequence similarity, most probably this
holds as well for the cytochromebo3 of E. coli. The presence
of a net positive absorbance shifting to smaller wavenumbers
after solvent exchange to D2O (Figure 3a,b) indicates that
carboxyl groups other than Glu-286 are protonated in the
reduced form of cytochromebo3. This is especially evident
from the broad positive band of the E286Q and E286D
mutants, where contributions from Glu-286 are eliminated.
The involvement of carboxyl groups in redox-linked proto-
nation changes thus allows an insight into the mechanism
of proton translocation within the D-channel of cytochrome
bo3 or, alternatively, of the “H-channel” (13) suggested
recently to be operative in the mitochondrial oxidase. The
static FTIR redox difference spectra allow us to assign the
initial and the final states of the enzyme reaction with the
substrate dioxygen, namely, the fully reduced and oxidized
states of the oxidase. Upon reduction of the fully oxidized
enzyme, protons are considered to be taken up from the
cytoplasmic side via the K- but not via the D-channel (10).
The overall absorbance increase in the region of 1720-1725
cm-1 observed experimentally by redox FTIR spectroscopy
may be related to net proton uptake. This could be explained
by intramolecular proton transfer, either via K-channel or
resulting from delocalized protons loaded before into the
hydrogen-bonded network of the D-channel. Substrate and
pumped protons of heme-copper oxidases are translocated
in the oxidative half of the reaction cycle (14) following
binding of dioxygen to the fully reduced enzyme, especially
during the partial reactions from the peroxyf oxyferryl and
the oxyferrylf oxidized states, that have been attributed as
the proton pumping steps (39). Possible candidates for
protonation changes that have in part been demonstrated to
be involved in proton translocation are theconserVedaspar-
tates, 135 (40) and 407, but none of the investigated mutants
exhibit other than wild-type (static) redox difference spectra
in the carboxyl region. Biochemical and structural data em-
phasize the flexibility of the hydrogen-bonded network at
the entry and exit sites of the D-channel (7, 41), allowing
us to predict alternative pathways of proton conduction for
this local sector. Heme propionyl side chains could be pro-
tonated (34) but could not be assigned in the carbonyl region
above 1700 cm-1 for theParacoccusoxidase (42). Other as
yet unidentified carboxyl groups could further contribute.
Due to the lack of conservation of aspartate-51 of the
mitochondrial cytochromec oxidase (6), it is difficult to
assess whether a functional equivalent of it might exist in
bacteria.
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Upon reduction, protons could also be taken up directly
from the medium, perhaps involving carboxyl groups ex-
posed to the protein surface. Recent electrostatic calculations
provided evidence for a possible engagement of the con-
served Glu-78 (subunit II ofP. denitrificans) in proton uptake
coupled to binuclear center reduction (46). Interestingly, its
carboxyl side chain is located close to the K-channel residues
and may control the delivery of protons to the reaction center.
Site-specific mutants in cytochromebo3 at this position with
only 10% of wild-type catalytic activity have been created
(R. B. Gennis, personal communication); the results underline
that also residues from other subunits may be important for
proton pumping.

Our redox FTIR data on cytochromebo3 are summarized
in a model describing the change of protonation states
allocatable to the reduced and oxidized enzyme (Figure 9).
It assumes Glu-286 is fully protonated in both the reduced
and oxidized forms. Glu-286 senses electrostatic changes of
the (reduced) CuB center probably mediated by bound water
molecules (12, 26); therefore the carboxyl side chain should
be connected to the binuclear reaction center in the reduced
enzyme. Protons would be translocated in the intermediate
state(s), coupled to a reorientation of the environment of Glu-
286 or to aconformational changeof the carboxyl group
itself. The side chain of Glu-286 moves from a relatively
hydrophobic position facing away from the binuclear center
(weaker hydrogen bonding, oxidized state) to another, more
hydrophilic orientation located closer to the reaction center
(stronger hydrogen bonding, reduced state). Intermediate
protonation changes of Glu-286 are possible but could not
be resolved by static FTIR spectroscopy. This model is in
line with the existence of the 1745/1735 band pattern and
would readily explain the lack of a corresponding band
signature in the E286Q mutant.

The crucial role of Glu-286 for transmembrane proton
translocation has already been emphasized in earlier studies.
Its carboxyl side chain is either directly or indirectly involved
in protonation changes within the D-channel. In fact, recently
performed theoretical calculations of possible energy states

based on different methods predict fairly drastic side-chain
conformational changes of Glu-286 (49, 50). The confor-
mational change postulated from the spectroscopic data
could, however, be a very subtle reorientation of the car-
boxyl side chain into an environment of different hydropho-
bicity. At current resolutions of structural models of oxidized
and reduced enzymes (6, 7), this change may even be
invisible with X-ray techniques.

In this context it is interesting to note that the protonated
carboxyl group of Asp-96 (with a pK > 9) has a key role in
the proton uptake pathway of the light-driven proton pump
bacteriorhodopsin (47, 56). Proton-transfer implying bound
water molecules takes place via a hydrogen-bonded network
extending through the proton channel (48). It seems that
hydrogen-bonded proton transfer in combination with a
catalytically involved protonated carboxyl group within a
relatively hydrophobic environment are common features of
proton-transfer mechanisms found in at least one group of
non-evolutionarily-linked membrane proteins (48, 51).

At present, no direct conclusions on the mechanism of
H+ pumping of cytochrome oxidase can be drawn, because
different scenarios are conceivable. These would imply
proton conduction in intermediate steps involving the
bimetallic reaction center as proposed in the “histidine-
cycling” hypothesis (38), and would still allow coupling to
a gross conformational change involving an H-channel as
suggested from high-resolution structural data (6).

Not all redox centers of cytochrome oxidase appear to be
equally involved in the redox-driven conformational change.
We can clearly exclude CuA, which is not present in
cytochromebo3. The insensitivity of the Glu-286 confor-
mational change to the binding of cyanide to hemeo (or a3

in cytochromec oxidase) further excludes the respective
metals. The relevant redox transition sensed by Glu-286 is
therefore restricted to either hemeb (or a in cytochromec
oxidase), CuB , or both of these metals. For theParacoccus
cytochromec oxidase the redox transition of hemea has
been suggested to be coupled to formation of the difference
pattern of the glutamic acid homologous to Glu-286 (31).

The schematic model presented here (Figure 9) sum-
marizes our interpretation for the experimental data observed
by redox FTIR spectroscopy and provides a basis for future
studies. In addition to the need for assigning the residual
carboxyl signals it will be especially substantial to study the
redox kinetics of cytochromebo3 for a better understanding
of the catalytic mechanism. It is very important to carry out
a thorough investigation of the pH dependence of the redox
difference spectra, because electron-transfer-associated pK
changes of Glu-286 and other carboxyl groups contributing
to the hydrogen-bonded network will be crucial for the
understanding of the enzyme function. After the recent
emergence of data suggesting the possible existence of a Q
cycling mechanism in ubiquinol oxidase (21), the comparison
of proton translocation mechanisms in the different heme-
copper oxidases cytochromebo3 and cytochromeaa3 will
be of particular importance.
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FIGURE 9: Possible schematic model explaining protonation states
of carboxyl groups in the transmembrane D-channel of cytochrome
bo3. Two hydrogen-bonded networks representing input and output
halves of D-channel located below and above Glu-286 are
schematically drawn as bent stripes. The binuclear reaction center
is included to specify the spatial orientation. The direction of the
observed photoreaction (oxidizedf reduced) is indicated by the
arrow; metal centers (Meox f Mered) take up the electrons. Fully
reduced and fully oxidized enzymes represent the initial and the
final state of the enzyme during catalytic reaction; these are defined
by the static FTIR redox difference spectra. The model shows the
redox-induced conformational change of Glu-286, by which its
carboxylic side chain is positioned into environments of distinct
hydrophobicity. The side-chain conformational change forms a path
between both hydrogen-bonded networks. See text for further
details.
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